previously, assays for sister chromatid segregation patterns relied on incorporation of 5-bromo-2′-deoxyuridine (Brdu) and indirect methods to infer segregation patterns after two cell divisions. In this study, we describe a method to differentially label sister chromatids of mouse cells and to directly assay sister chromatid segregation patterns after one cell division in vitro and in vivo by adaptation of the well-established co-FIsH technique. Brdu is incorporated into newly formed Dna strands, which are then subjected to photolysis and exonuclease digestion to create single-stranded sister chromatids containing parental template Dna only. such single-stranded sister chromatids are differentially labeled using unidirectional probes to major satellite sequences coupled to fluorescent markers. Differentially labeled sister chromatids in postmitotic cells are visualized using fluorescence microscopy, and sister chromatid segregation patterns can be directly assayed after one cell division. this procedure requires 4 d for in vivo mouse tissues and 2 d for in vitro-cultured cells.
IntroDuctIon
To test the proposed biological roles for nonrandom segregation of sister chromatids 1, 2 , techniques that can distinguish sister chromatids and follow their segregation are necessary, especially for studies of asymmetric cell divisions in vivo. We recently described nonrandom segregation of sister chromatids in a subset of mouse colon crypt epithelial cells by directly labeling and assessing the distribution of sister chromatids in postmitotic colon cells using chromosome orientation fluorescence in situ hybridization (CO-FISH) 3 . The approach uses the injection of the nucleotide analog BrdU into mice for the duration of one DNA replication cycle to incorporate BrdU exclusively into newly formed DNA strands. All BrdU-incorporated newly formed DNA is then removed to leave single-stranded chromosomes composed of parental template DNA only. The invariant orientation of major satellite repeats 4 is used to differentially label single-stranded sister chromatids by hybridizing with unidirectional probes recognizing major satellite repeats coupled to fluorescent dyes, and thus directly assaying sister chromatid segregation patterns. In this paper, we describe in detail the steps and adaptations of the CO-FISH procedure that are necessary for identifiying sister chromatids in mouse chromosomes and for following sister chromatid segregation in cultured mouse cells in vitro and mouse tissues in vivo.
Nonrandom sister chromatid segregation and CO-FISH
Previous evidence for asymmetric sister chromatid segregation has been based on long-term radiolabel retention by some cells in the epithelial crypt 5 or on the selective retention of unlabeled chromatids through successive divisions by undifferentiated neural, muscle or epithelial stem cells in pulse-chase experiments [6] [7] [8] . In these studies, BrdU is incorporated into newly formed DNA strands, and unlabeled template strands are followed through two rounds of cell division [6] [7] [8] . This method indirectly infers sister chromatid segregation patterns from the first cell division on the basis of the distribution of BrdU label in the four granddaughter cells following the second cell division. The granddaughter cell containing no BrdU label is the presumptive stem cell because it is expected not to incorporate BrdU in these assays. However, this type of indirect analysis becomes challenging in vivo, where it may be difficult to confidently distinguish daughter cells from granddaughter cells or infer segregation patterns on the basis of the absence of a label. To directly study sister chromatid segregation patterns, they must be visually differentiated in order to follow their distribution to daughter nuclei. This is problematic because the genetic sequence of both sister chromatids is expected to be identical and molecular methods to distinguish one sister from the other are not available. Most often, the immortal strand hypothesis is cited to explain selective retention of specific sister chromatids 2 . In this hypothesis, some stem cells are proposed to selectively retain all sister chromatids containing original parental template strands to prevent accumulation of replication errors that may result in genomic instability or cancer 9 . Recently, we proposed an alternative to the immortal strand hypothesis, the 'silent sister hypothesis' , in which nonrandom segregation of specific sister chromatids with different epigenetic marks is a mechanism involved in cell fate specification 1 . To directly test whether some sister chromatids indeed segregate nonrandomly, we have adapted the CO-FISH technique to differentially label mouse sister chromatids in vivo and directly assay sister chromatid segregation patterns following one cell division 3 . CO-FISH is a wellestablished technique that was first developed as a strand-specific in situ hybridization protocol to map and orient repetitive regions on chromosomes 10 . A full discussion of the evolution of CO-FISH is beyond the scope of this paper. Instead, we refer to the excellent review by Bailey et al. 11 that details the origin and variations of the CO-FISH technique, including studies on the orientation of repetitive regions (such as pericentric satellite repeats and telomeres) to detect inversions and assay replication timing.
Adaptation of CO-FISH to assay nonrandom segregation of sister chromatids
We have adapted the CO-FISH method to differentially label sister chromatids and directly assay whether sister chromatids segregate Chromosome orientation fluorescence in situ hybridization to study sister chromatid segregation in vivo randomly to daughter cells in higher eukaryotes in one cell division 3 . First, we observed that all mouse chromosomes have a fixed polarity, on the basis of the observation that the uniform head-totail orientations of major satellite sequences [12] [13] [14] are fixed relative to chromosome ends (Fig. 1a ) 3 . As a result, each complementary chromosomal DNA strand will have either an A-rich or a T-rich major satellite DNA that can be used to distinguish DNA strands; we arbitrarily labeled these as 'Watson' and 'Crick', respectively (Fig. 1b) . During replication, these two DNA strands serve as a template for DNA synthesis, giving rise to sister chromatids with identical genetic sequence but each containing one of the original complementary template strands from the parental DNA molecule. By removal of newly formed DNA from sister chromatids and in situ hybridization with fluorescently labeled strand-specific probes recognizing the A-rich and T-rich major satellite repeats, we can distinguish the remaining template strands and thus sister chromatids from each other. Because the orientation of repetitive major satellite sequences is invariant in all chromosomes of C57BL/ 6J mice (with the exception of small inversions on chromosomes 4 and 18) 3, 15 , the sister chromatids of all chromosomes in a mitotic cell are distinguished by being directly labeled with fluorescentcoupled probes specific for A-rich or T-rich template strands. After cell division, the patterns of sister chromatid distribution can be assayed by the patterns of major satellite sequences detected by fluorescence microscopy (Fig. 1c,d) .
The approach described was used to study sister chromatid segregation patterns in mouse colon epithelial cells. The technique could potentially test sister chromatid segregation patterns in other tissues; however, the time course of BrdU administration must be experimentally determined (see section on BrdU incorporation, below). We have also performed CO-FISH on cultured mouse embryonic stem cells and fibroblast cells, and describe how to modify the technique for other cultured mouse cell types.
Our approach adopts the basic principle of CO-FISH, which is to generate single-stranded DNA for strand-specific hybridization. However, a number of adaptations allow this procedure to become an assay for sister chromatid segregation. In addition, CO-FISH performed on fixed and sectioned tissues requires a number of modifications to previously published protocols, which we discuss in detail. As our application of CO-FISH is a quantitative assay for sister chromatid segregation patterns, we discuss all proper control experiments and troubleshooting to allow the correct interpretation of probe fluorescence patterns as sister chromatid segregation patterns. With the proper controls, this approach could be adapted for answering questions about chromatid segregation patterns in other mouse cell types in vivo.
Limitations of CO-FISH to study sister chromatid segregation patterns This is the first method that can differentiate between sister chromatids and directly study segregation patterns after one cell division, in both in vivo tissues and in vitro-cultured cells. As a result, it is difficult to compare our approach with previously published methods, which indirectly infer asymmetric segregation on the basis of the absence of an incorporated nucleotide analog in one of four granddaughter cells after two cell divisions [6] [7] [8] . In addition, this is the first quantitative technique to assay and compare segregation patterns between different cell types. As discussed, our approach is the only one suited to study segregation patterns in vivo, in which positional information and niche environments are maintained, without effects of in vitro culture. However, the CO-FISH technique is complicated and there are a number of criteria that must be met to accept the distribution of template strand fluorescence in postmitotic cells as an accurate reflection of sister chromatid segregation. Some limitations stem from relying on BrdU to incorporate into tissues in vivo. First, we cannot rule out the possibility that BrdU incorporation affects normal segregation patterns. In addition, BrdU metabolism in vivo requires continuous administration through hourly injections. Proper control experiments must also ensure that the time course of BrdU administration is restricted to one DNA synthesis phase (S-phase). If these parameters are not met, interpretation of sister chromatid segregation patterns is complicated by the failure to properly label all parental template DNA strands (Fig. 2) .
To correctly quantify fluorescence values within a particular pair of daughter cells, there must be no overlap with surrounding cells. Nuclear boundaries must be clearly identifiable and isolated from other cells. This technique is therefore limited to tissues in which such cells are abundant, and is not suitable for very dense tissue. In addition, care must be taken to ensure that the quantified daughter nuclei are completely encompassed within the sectioned tissue. Any nuclei that are cut because of sectioning will complicate analysis because the entire complement of major satellite sequences in one cell may not be included in the quantification. In our previous study, we used the criteria of reciprocal Watson and Crick fluorescence ratios to exclude such cells from statistical analysis 3 . In addition, in situ hybridization is difficult to combine with immunofluorescence techniques to label and identify cells of interest.
The other major limitation of this approach stems from the fact that random segregation of chromosomes can still result in fluorescence patterns in postmitotic cells that seem asymmetric. Some apparently asymmetric events are expected from a normal distribution of Watson template or Crick template sister chromatids segregated to daughter cells. As our CO-FISH method differentiates between sister chromatids on the basis of a molecular feature common to all mouse chromosomes and does not provide information about specific chromosomes, selective segregation of a small number of chromosomes cannot be detected. Therefore, this approach is only suitable for detecting major deviations from random segregation patterns. The silent sister hypothesis predicts that cells could selectively segregate a subset of chromosomes, depending on differential epigenetic modifications that would be required to direct cell fate after cytokinesis 1 . It is noteworthy that, in our original study, we did not observe a completely asymmetric segregation in any mitotic colon cell 3 .
Experimental design
Generation of single-stranded chromosomes containing template DNA only. The generation of single-stranded chromosomes to which fluorescently labeled probes are hybridized relies on incorporation of the thymidine analog BrdU into newly formed DNA strands for one round of cell division, whereas unmodified template strands are not BrdU substituted and are essentially left intact 4, 10, 11 . During DNA synthesis, BrdU is administered either by injection in vivo or by addition to tissue culture medium. After replication and cell division, the newly formed DNA is removed by staining with the DNA dye Hoechst 33258, which binds the minor groove and sensitizes BrdU-substituted DNA to nicking by UV irradiation 16 . After UV photolysis, digestion by exonuclease III results in removal of the nicked DNA, leaving single-stranded, intact chromosomes comprising original parental DNA template strands only. Such singlestranded chromosomes are suitable targets for hybridization with unidirectional fluorescently labeled probes such as peptide nucleic acid (PNA) probes 10, 11, 17 .
Probe design and hybridization. Peptide nucleic acid probes have higher affinity and hybridize more stably to single-stranded DNA than do regular DNA or RNA oligonucleotide probes 18 . We designed strand-specific PNA probes (18-mers) complementary to either the A-rich or T-rich repetitive sequences within mouse major satellite DNA 3 . Such PNA probes are directly coupled to Cy5 or Cy3 fluorophores, respectively ( Table 1) . These probes allow differential fluorescence labeling of single-stranded sister chromatids. Three fluorescent probe molecules hybridize within each of the 234-base-pair (bp) major satellite repeats 19 , which range from 240 kb to more than 2,000 kb in length per mouse chromosome 20 . This results in thousands of fluorescent molecules being hybridized to major satellite repeats during CO-FISH, allowing for easy detection and quantification in sister chromatid segregation assays. The total quantified fluorescence in each daughter cell after CO-FISH corresponds roughly to the total number of Watson or Crick template strands, which indicate sister chromatid segregation patterns during mitosis. Note that not all chromosomes have the same amount of major satellite DNA 3 and such variation needs to be taken into account in modeling and statistical analysis.
Before hybridization of PNA probes, DNA is denatured at 80 °C in 70% (vol/vol) formamide solution. These conditions minimize nonspecific hybridization and ensure denaturation of any complementary PNA probe interactions. Hybridization is achieved overnight at room temperature (21-24 °C) in a low-ionic-strength hybridization buffer containing 70% (vol/vol) formamide, which favors PNA probe hybridization to single-stranded targets but prevents reannealing of complementary DNA sequences 18 . These conditions can be used to determine whether BrdU incorporation resulted in single-stranded chromosome targets for PNA probe hybridization, or whether double-stranded DNA sequences remain. The presence of overlapping fluorescence signals from PNA probes indicates that both PNA probes hybridized to double-stranded DNA at major satellite sequences, suggesting that BrdU incorporation, subsequent Hoechst incorporation, UV treatment or exonuclease digestion was incomplete (see TROUBLESHOOTING). Conditions that favor double-stranded DNA reannealing over probe hybridization would prevent the assessment of whether single-stranded chromosome preparation was complete. Hybridization is followed by washes in 70% (vol/vol) formamide to remove unbound probe and cells or chromosomes are counterstained with 4′,6-diamidino-2-phenylindole dihydrochloride (DAPI) to visualize DNA.
BrdU incorporation.
The success of differentially labeling sister chromatids using unidirectional major satellite probes depends entirely on the generation of single-stranded chromosomes containing only parental template strand DNA 11 . One critical variable is the complete and continuous incorporation of the BrdU nucleotide analog into newly formed DNA strands during S-phase. If BrdU is not incorporated for the entire duration of S-phase, newly formed DNA will not be completely removed, as regions without BrdU incorporation will remain annealed to template strands (Fig. 2a) . As major satellite repeats are part of pericentric heterochromatin and replicate in mid-to-late S-phase 21 , decreasing BrdU incorporation at the tail end of DNA synthesis will result in double-stranded major satellite repeat regions remaining after the CO-FISH procedure, and thus produce overlapping probe signals. Similarly, administering BrdU for more than one cell cycle will result in two rounds of BrdU incorporation into DNA and will also complicate analysis of sister chromatid segregation. Therefore, it is critical to determine the length of one cell cycle in the cells to be assayed by performing a BrdU time-course experiment. For mitotic colon epithelial cells, we injected mice with BrdU hourly for 8, 12 and 16 h, and administered a single injection of colcemid to arrest mitotic cells at metaphase 1 h before tissue harvest. To determine the length of one cell cycle, we performed CO-FISH and assayed metaphase cells for overlapping (incomplete BrdU incorporation), paired (one complete S-phase) or unpaired (two rounds of BrdU incorporation) probe signals (Fig. 2b) . Paired, nonoverlapping probe signals in all metaphase chromosomes indicate that one complete round of DNA replication has occurred in the presence of BrdU (Fig. 2b, 12 h BrdU). Overlapping probe signals indicate that newly formed DNA strands were not completely removed, likely because of incomplete incorporation of BrdU for the entire duration of S-phase (Fig. 2b, 8 h), whereas unpaired red or green probe signals at a subset of chromosomes indicate that BrdU was incorporated for two cell divisions, and results in both newly formed and template strands being removed during CO-FISH procedure. This means that only one template strand is available for labeling with PNA probes (Fig. 2b, 16 h ). In 100 metaphases tested, there were no instances of overlapping or unpaired probes when 12 h of BrdU was administered (data not shown). Therefore, for colon epithelial cells, 12 h approximates one complete cell cycle. Similar control experiments will have to be performed when adapting this CO-FISH technique to other cells or tissues.
In our studies, BrdU was injected into mice at hourly intervals for the entire duration of S-phase in colon epithelial cells (12 h) to ensure continuous and consistent incorporation of BrdU during S-phase 3 . Injected BrdU is rapidly metabolized, and unless BrdU is injected hourly and at a relatively high dose range of 20-30 mg kg − 1 of body weight (per injection) 22 , BrdU incorporation into DNA will be variable and removal of newly formed DNA during CO-FISH will be incomplete. In our hands, three injections of BrdU at 4-h intervals resulted in overlapping probe signals on chromosomes in postmitotic daughter cells, indicating incomplete incorporation of BrdU into newly formed DNA (Fig. 3, top panels) . Similarly, BrdU administered through drinking water did not result in sufficient incorporation of BrdU in bone marrow cells and does not allow fine-tuning of BrdU dosing (data not shown). An alternative approach that has not been explored is continuous BrdU infusion using a pump.
Visualizing postmitotic cells.
Assaying sister chromatid segregation patterns requires acquisition of images using a fluorescence microscope (coupled with a suitable camera) equipped with appropriate filters to detect specific emissions from fluorescencecoupled PNA probes. For colon crypt epithelial cells, postmitotic cells appear as distinct paired cells projecting into the colon crypt, separate from nonmitotic epithelial tissue (Fig. 1d, boxed) . To easily find postmitotic cell pairs with nonoverlapping probes, we scan slides manually through the ocular lens using the Cy3 emission filter. Postmitotic cells projecting into the colon crypt generally contain brighter Cy3 fluorescence than the surrounding nonmitotic 
pna probe sequence target
Cy3-5′-GACGTGGAATATGGCAAG-3′ Crick strand (major T-rich)
Cy5-5′-CTTCAGTGTGCATTTCTC-3′ Watson strand (major A-rich)
tissue (data not shown). Switching to the Cy5 emission filter confirms whether probe fluorescence territories are distinct and cell pairs can be digitally captured for quantification. It is important to note that cell pairs must not overlap with surrounding nonmitotic tissue ( Fig. 1d top left panel, yellow arrowhead) to prevent fluorescence due to unrelated cells from being included in the quantification. In addition, daughter cells must not overlap with each other. Refer to ANTICIPATED RESULTS for typical CO-FISH images of postmitotic nuclei, and to the 'Limitations of CO-FISH' section to determine the tissues that are suitable for this assay.
Quantification of PNA probe fluorescence to assay sister chromatid segregation. To generate digital images suitable for quantification, high-quality, high-numerical aperture lenses are recommended (for instance, Plan Apochromat ×60/1.4 or equivalent) to maximize the detection of fluorescent probes. We acquired images on a Coolsnap HQ digital camera attached to an inverted microscope (IX70 Olympus) fitted to an imaging system (DeltaVision RT, Applied Precision) and equipped with filter sets to detect DAPI, Cy3, Cy5, Texas Red and fluorescein isothiocyanate. For tissue sections, a stack of images at 0.2-µm intervals is acquired to cover the entire thickness of the section and maximize signal resolution in the z plane. It is critical to ensure that the fluorescence signal from any focal plane image does not approach saturation. As focal planes are projected into a single image, any pixel saturation will affect signal quantification and therefore interfere with interpretation of chromatid segregation patterns. In addition, as multiple focal planes are acquired for each image, it is important to prevent photobleaching by limiting light exposure for any given focal plane. For our studies, fluorescence signals are projected onto a single plane using ISIS (Metasystems) or SoftWoRx (Applied Precision) software with or without deconvolution. We quantified specific fluorescence from each probe in each daughter cell using dedicated software. 3, 23 The image manipulation steps and specific software requirements for quantifying fluorescence signals are beyond the scope of this paper. For a more detailed discussion of CO-FISH fluorescence measurements and subsequent statistical tests for nonrandom segregation, we refer to our previous discussion of image acquisition and signal quantification 18 and to our original paper and its supplementary information 3 . Briefly, to assess chromatid segregation patterns, we normalized measured fluorescence values on the basis of the assumption that, for each chromosome, the Watson template sister chromatid will be segregated to one daughter, whereas the Crick template chromatid will be segregated to the other daughter (Fig. 1c) . Therefore, the measured fluorescence from each probe in each daughter will be a fraction of 1. Sister chromatid segregation patterns can be assessed and compared with values expected by chance using simulated random segregation 3 .
Adapting CO-FISH technique for cultured cells. Using the CO-FISH technique to assay sister chromatid segregation patterns in cultured cells involves a number of modifications. BrdU is added to culture medium at a final concentration of 40 µM for the duration of one S-phase (this must be experimentally determined, to exclude incomplete BrdU incorporation or granddaughter cells from complicating analysis of segregation patterns). For mouse embryonic stem cells and cultured lung fibroblasts, BrdU was added to the culture medium for 12 h before harvesting cells. To allow daughter nuclei to remain adjacent to each other in a background of single cells, postmitotic binucleated cells are prepared by preventing cytokinesis using 3 µg ml − 1 (final concentration) of cytochalasin B for 2 h before harvesting cells. Cells are spun onto slides using a Cytospin apparatus before fixation. The details of the CO-FISH procedure for fixed cultured cells appear in the PROCEDURE below.
Controls.
We recommend performing anti-BrdU immunofluorescence staining on a set of slides to ensure that BrdU is incorporated into tissues and cultured cells 3 . Because of the difficulty combining immunofluorescence with in situ hybridization, we recommend that anti-BrdU immunofluorescence be performed on a section of tissue directly adjacent to those undergoing CO-FISH. We also recommend including a set of slides from a mouse or cultured cell line that did not undergo BrdU treatment. This allows comparison with postmitotic cells in which chromosomes are not single stranded. Although the proportion of postmitotic cells or tissues may be low, depending on tissue or cell line studies, BrdU-treated cells or tissues are expected to show some cells that have a distinct nonoverlapping probe signal. These two controls determine whether BrdU was incorporated and whether the PNA probes successfully hybridized to single-stranded DNA targets. Further troubleshooting advice is given in Table 2 . Fluorescence microscope with camera and digital image processing software REAGENT SETUP NaCl (5 M) In a clean 100-ml graduated cylinder, add 29.2 g of NaCl and ddH 2 O up to 100 ml. Using a magnetic stir bar, stir until NaCl is dissolved; heat if necessary. Store at room temperature for up to 1 year. Ultrapure deionized formamide In a hazardous fume hood, carefully pour 500 ml of ultrapure (≥99.5%) formamide into a 1-liter glass Erlenmeyer flask. Mix 25 g of mixed bed resin with 25 ml of formamide. Swirl, discard formamide and add the washed resin to the 500 ml ultrapure formamide. Stir with a magnetic stir bar for ~2 h in a hazardous fume hood. Leave at room temperature overnight. Filter twice with Whatman grade 1 filter paper. Aliquot in 50-ml tubes and store at − 20 °C for up to 1 year. ! cautIon Formamide is a poison and a mutagen; prevent contact with skin and eyes. Wear gloves and work in a hazardous fume hood to avoid inhaling fumes. Formamide waste should be collected and disposed of according to institutional rules and regulations. SSC buffer (20×; 3 M NaCl, 300 mM sodium citrate) Dissolve 175.3 g of NaCl and 88.2 g of sodium citrate in 800 ml of ddH 2 O. Adjust pH to 7.0 with DNase-free RNase A in ddH 2 O. To prepare 100 mg ml − 1 RNase A, add 2.25 ml of 10 mM sodium acetate (pH 5.2) directly to a 250-mg vial of lyophilized RNase A type III-A (vial obtained from the manufacturer). Mix by inversion on rotator at room temperature. Place the vial in a container of water and boil for 15 min to destroy residual DNase activity. Let the vial cool to room temperature and neutralize with 250 µl of 1 M Tris-HCl (pH 7.4). Aliquot stock solutions into 1.5-ml microcentrifuge tubes and freeze at − 20 °C and store for up to 1 year.
Hoechst 33258 stock solution (10 mg ml − 1 ) Add 3 ml of ddH 2 O to a 100-mg vial of Hoechst 33258 (obtained from the manufacturer). Mix well using a vortexer. Transfer to a 15-ml polypropylene tube and adjust the volume to 10 ml with ddH 2 O. Mix well. Store at − 20 °C for up to 1 year. Working solutions will be freshly diluted to 1 mg ml − 1 in ddH 2 O. Ensure that all stock and working solutions are protected from light. ! cautIon Hoechst 33258 is a known mutagen. Handle with gloves and dispose of safely in accordance with institutional regulations. Blocking reagent stock solution (2.5% (wt/vol)) Add 2.5 g of blocking reagent to 100 ml of nuclease-free ddH 2 O. Stir gently overnight, heating to 60 °C to facilitate dissolving; filter using a 0.4-µm membrane. Store at − 20 °C in aliquots for up to 1 year. Store working aliquots at 4 °C for up to 4 weeks. DAPI Prepare stock solution of 10 mg ml − 1 DAPI and working solution of 1 mg ml − 1 DAPI. To prepare 10 mg ml − 1 DAPI, add 1 ml of ddH 2 O directly to a 10-mg vial of lyophilized DAPI (vial obtained from the manufacturer). Mix by inversion on a rotator at room temperature, protecting it from light. To make 1 mg ml − 1 of working solution, mix 100 µl of 10 mg ml − 1 DAPI solution with 900 µl of ddH 2 O in a 1.5-ml microcentrifuge tube. Mix by inversion and store at 4 °C up to 4 weeks, protected from light. Split remainder of 10 mg ml − 1 of stock solution into 100-µl aliquots in 1.5-ml microcentrifuge tubes. Store aliquots for up to 1 year at − 20 °C. ! cautIon DAPI is a known mutagen. Handle with gloves and dispose of safely in accordance with institutional regulations. Formamide/2× SSC denaturation solution For each set of five slides, a Coplin jar of 50 ml formamide/2× SSC denaturation solution must be prepared fresh and preheated to 72 °C before denaturation (Steps 33 and 43). In a hazardous fume hood, for each Coplin jar, mix 10 ml of ddH 2 O, 5 ml of 20× SSC, 35 ml of formamide (50 ml in total). Mix by retropipetting. Place in a 72 °C water bath to equilibrate the temperature. ! cautIon Formamide is a poison and a mutagen; prevent contact with skin and eyes. Wear gloves and work in a hazardous fume hood to avoid inhaling fumes. Formamide waste should be collected and disposed of according to institutional rules and regulations. Ethanol (70% (vol/vol), 90% (vol/vol) and 100% (vol/vol)) Prepare 70%, 90% and 100% ethanol in 50-ml Coplin jars, place in a − 20 °C freezer to chill until ice cold.
Prepare 70%, 90% and 100% ethanol in 500-ml plastic bottles for dehydration steps at room temperature. Store at room temperature for several weeks. PNA probes Prepare working dilutions of PNA probes (20-50 µg ml Formaldehyde fixative Prepare formaldehyde fixative for fixing cultured cells spun onto slides. In a Coplin staining jar, prepare 4% (vol/vol) formaldehyde solution in 1× PBS. To 39.6 ml of ddH 2 O, add 5 ml of 10× PBS and 5.4 ml of 37% formaldehyde solution. Mix by retropipetting. This solution should be prepared fresh each day. Store at room temperature in a hazardous fume hood until needed. Discard at the end of the day. ! cautIon Formaldehyde is toxic and destructive to skin, eyes and respiratory tract. Wear gloves and use in a hazardous fume hood only. Dispose of waste formaldehyde properly in accordance with institutional regulations. DABCO + DAPI mounting medium Prepare DABCO + DAPI mounting medium for counterstaining and mounting slides, only when performing CO-FISH on cultured cells spun on slides. In a 15-ml screw-top polypropylene tube, dissolve 233 mg of DABCO in 800 µl of ddH 2 O by vortexing. Add 200 µl of Tris-HCl (pH 8.0) and 2 µg of DAPI (2 µl of 1 mg ml − 1 DAPI solution) and mix well. Add 9 ml of 100% glycerol. Cover the tube with foil to protect from light and mix gently by inversion overnight. Aliquot into 1.5-ml microcentrifuge tubes, freeze at − 20 °C and store for up to 1 year. Store the aliquots in use at 4 °C for up to 4 weeks, protected from light. ! cautIon DAPI is a known mutagen. Handle with gloves and dispose of safely in accordance with institutional regulations. (i) Culture cells according to accepted protocols specific for cell type. For our studies, feeder-free mouse embryonic stem cells were cultured on gelatin-coated plastic dishes in DMEM containing 20% FCS and 100 ng ml − 1 of leukemia inhibitory factor 24 . Mouse fetal lung fibroblasts were grown in DMEM containing 10% FCS. (ii) To semiconfluent cultures, add 40 µM (final concentration) of BrdU for a total of 12 h before harvesting cells. The total length of BrdU incorporation will depend on the length of S-phase, and must be determined experimentally for each cell type, as described in Experimental design. (iii) To obtain binucleated cells, add 3 µg ml − 1 (final concentration) of cytochalasin B to cultures for the final 2 h before harvesting cells. (iv) Fill a 50-ml polypropylene tube with 20 ml of buffered 10% formalin fixative solution. Cut the colon longitudinally. While holding one end of the colon with forceps, lightly dry the sectioned colon on a lint-free tissue. Still holding with forceps, pierce the other end of the colon with a 30-G needle and roll the colon longitudinally around the end of the forceps. Pierce the needle entirely through the roll to maintain the rolled structure. Drop the needle and roll into a 50-ml tube containing fixative. Fix slides three times, for 5 min each, at room temperature. (iv) Air-dry the slides overnight at room temperature.
 pause poInt Overnight air-drying. (v) Proceed directly to the section on rehydration and pepsin treatment (Step 13).
paraffin embedding and sectioning of fixed in vivo mouse tissues • tIMInG Variable, depending on whether performed in house or in a dedicated facility 3| For our studies, paraffin embedding and sectioning was performed by a dedicated facility. The success of the CO-FISH procedure requires good-quality 6-µm sections of uniform thickness.  crItIcal step To ensure that tissues have been properly fixed, stain every tenth section with hematoxylin and eosin. to check for preservation of tissue morphology. This protocol was optimized for 6-µm sections of mouse colon, and all incubation time periods and concentrations stated apply to this thickness. Significantly thinner or thicker sections will require optimization of steps to ensure proper digestion of newly formed DNA and optimal hybridization of PNA probes. The nuclear diameter of tissues to be tested is also a factor for section thickness, as complete sister nuclei should be captured within each section.
4|
Store paraffin-embedded tissue sections at 4 °C.  pause poInt Fixed and embedded tissue sections can be stored at 4 °C indefinitely.
Deparaffinizing fixed in vivo mouse tissue sections • tIMInG overnight for baking plus 90 min for deparaffinizing, without air-drying pause point (step 9) 5| Transfer slides from 4 °C storage and lay flat on a slide warmer set to 60 °C. Bake overnight.  pause poInt Slides may be baked for 8-16 h to ensure that paraffin has sufficiently melted.
6|
Set water bath to 80 °C and prewarm 50 ml of 100 mM citrate buffer (see REAGENT SETUP) in a screw-top Coplin jar.  crItIcal step Prepare one jar for every nine slides to be processed for CO-FISH. Standard Coplin staining jars contain slots for five slides, but nine slides may be placed in a zigzag pattern. Allow sufficient interaction between tissue sections and buffer components for all steps except for denaturation (Steps 29 and 38), during which a maximum of five slides per jar is recommended. It is important not to crowd slides together; therefore, slide staining chambers with very closely spaced slots for slides are not recommended for any part of this protocol.
7|
In a hazardous fume hood, immerse slides in a large volume of xylene in glass slide staining chambers at room temperature. Incubate at room temperature three times, for 15 min each, replacing with fresh xylene between incubations. Discard used xylene according to institutional practices.  crItIcal step Do not overcrowd the slide holder. We use 100 ml xylene per 5-9 slides, ensuring adequate spacing between slides.
8|
Dehydrate slides with absolute (100% (vol/vol)) ethanol. Incubate at room temperature (without shaking) two times, for 10 min each, replacing with fresh ethanol between incubations.
19| Shake excess 2× SSC or 1× PBS from slides, and place them flat on a tray lined with a wet paper towel. Pipette 100 µl of RNase A solution prepared in PBS (from Step 16) onto each slide-directly on top of tissue sections, or onto the middle of slides for cultured cells.  crItIcal step Removing excess 2× SSC or PBS from the surface of slides prevents dilution of RNase A. However, do not let the section air-dry before pipetting RNase A onto the slide surface.
20|
Carefully lay a strip of Parafilm on top of each slide to distribute RNase A, taking care not to create air bubbles directly over tissue sections or on the slide surface. Cover slides with a box to prevent air-drying. Transfer the tray with covered slides to a bacterial incubator at 37 °C for 10 min.
21| Remove the Parafilm. Wash slides in 1× PBS two times, for 5 min each, on a shaker at room temperature.
removal of newly formed Dna strands • tIMInG 2.5 h for tissue sections, 3 h for cultured cells, without optional air-drying pause points 22| Shake excess PBS from slides and place on a tray lined with a wet paper towel. In a hazardous fume hood, pipette 50 µl of 1 mg ml − 1 Hoechst 33258 (diluted in ddH 2 O) onto each slide, directly on top of tissue sections or on the slide surface.
23|
Carefully lay a strip of Parafilm on top of each slide, taking care not to create air bubbles directly over the tissue section or on the slide surface. Cover slides with a dark box to shield from light. Incubate at room temperature in a hazardous fume hood for 15 min.
24|
Remove Parafilm using tweezers; discard Hoechst-covered Parafilm according to institutional practices.
25| Dip slides briefly in 2× SSC to remove remaining Hoechst 33258, and place flat on a tray. Pipette 200 µl of 2× SSC directly onto slides, and carefully cover with a 26 × 60-mm cover glass.  crItIcal step To prevent air bubbles from forming on the surface of tissue sections or on slides, place the short edge of the cover glass at one end of the slide and create a slight curve in the glass before laying the cover glass down at an angle. It is also critical to ensure that only one cover glass is placed on each slide, as a double layer will affect the penetrance of ultraviolet energy (Step 26) and prevent the complete photolysis of newly formed DNA strands. 
26|

28|
Remove cover glass and wash slides in 2× SSC two times, for 5 min each, shaking at room temperature.  crItIcal step To safely remove the cover glass before washes, place slides vertically in a Coplin jar filled with 2× SSC. Gently dip the slide in 2× SSC until the cover glass slides off. Take care not to scratch surface of tissue section when the cover glass is being removed. For tissue sections, continue with DNA denaturation (Step 29). For cultured cells, let the slides air-dry for up to several hours, or proceed directly to rehydration (Step 32) once the slides are dry.
29|
For tissue sections, denature DNA. In a hazardous fume hood, transfer slides to preheated 70% formamide-2× SSC buffer (from Step 27). Place back in the 72 °C water bath and incubate for a total time of 2 min.  crItIcal step The timing of this DNA denaturation step must be exact. Start timer immediately after placing slides into buffer, and have ice-cold ethanol washes ready in fume hood to transfer slides (Step 30) exactly at the end of the 2-min incubation.  crItIcal step Do not overcrowd Coplin jars during denaturation steps. Use a maximum of five slides per Coplin jar, preparing several jars if necessary.
30|
In a hazardous fume hood, serially dehydrate slides in ice-cold ( − 20 °C) 70%, 90% and 100% ethanol for 2 min each.  crItIcal step Transfer slides into 70% ethanol immediately at the end of the 2-min incubation time. Replace ethanol with fresh dilutions at the end of each incubation and replace containers in a − 20 °C freezer to chill ethanol in preparation for
Step 39. Place 70% formamide solution back into the 72 °C water bath for the second denaturation (Step 38).
31| Air-dry the slides.
47|
In a hazardous fume hood, pipette 50 µl of hybridization mixture onto each slide (from Steps 40 or 45) directly adjacent to tissue sections or 20 µl onto slide surface for cultured cells. Carefully cover with a 26 × 60-mm cover glass to distribute the hybridization mixture directly over the tissue section.  crItIcal step To prevent air bubbles from forming on the surface of tissue sections or on the slide surface, place the short edge of the cover glass at one end of the slide (toward the same side as probe droplets were placed) and create a slight curve in the glass before laying it down at an angle.
48|
Place slides in a 80 °C oven to denature probes. Incubate for 3 min for tissue sections and for 2 min for cultured cells.  crItIcal step Timing must be exact. Protect slides from light to prevent photobleaching of coupled fluorescent molecules.
49|
Place slides in a plastic slide holder containing a moist paper towel. Store upright in a sealed slide holder at room temperature in a dark place. Incubate overnight for tissue sections and for 1 h for cultured cells.  pause poInt Incubate the slides overnight (for tissue sections) or for 1 h (for cultured cells).
Washing and counterstaining • tIMInG 2 h for tissue sections, 1.5 h for cultured cells, plus time required for microscopy 50| In a hazardous fume hood, prepare formamide wash solution in two separate Coplin jars (see REAGENT SETUP).
51|
Transfer slides from the slide box to the first formamide wash solution.  crItIcal step To safely remove the cover glass, place slides vertically in a Coplin jar filled with wash solution. Gently dip the slide in until the cover glass slides off. Take care not to scratch the surface of tissue sections or adhered cells when the cover glass is being removed. In addition, slides must be protected from light to prevent photobleaching of hybridized probes.
52|
Wash slides in formamide wash solution two times, for 15 min each, at room temperature with no shaking, transferring slides to a fresh formamide wash solution between washes.
53| Wash slides in freshly prepared TNT wash buffer (see REAGENT SETUP) three times, for 5 min each, at room temperature.  crItIcal step The first TNT wash should be carried out in a hazardous fume hood because of formamide residue on slides, with no shaking. The second and third TNT washes are to be carried out on a shaker at room temperature.
54|
For tissue sections, wash slides in 1× PBS for 5 min, with shaking at room temperature. Proceed with counterstaining (Step 55). For cultured cells, proceed directly to dehydration (Step 57).
55|
Counterstain tissue sections in a DAPI counterstain solution (see REAGENT SETUP) for 5 min, with shaking at room temperature.
56|
Wash tissue sections in 1× PBS three times, for 5 min each, with shaking at room temperature.
57|
Dehydrate slides (from Steps 54 or 56) in 70%, 90% and 100% ethanol for 5 min each, at room temperature with shaking.  crItIcal step Please note that this dehydration series uses room temperature ethanol dilutions.
58| Air-dry the slides.  crItIcal step Protect slides from light.
59|
Mount the slides using antifade reagent appropriate for the fluorophores coupled to the probes. For Cy5-coupled probes, use ~10 µl of DABCO mounting medium per slide for tissue sections. For cultured cells, mount in ~10 µl of DABCO + DAPI mounting medium (see REAGENT SETUP). Cover with a cover glass.  crItIcal step It is easy to introduce bubbles into glycerol-based mounting media. Pipette carefully to ensure that no bubbles are introduced.
60|
Visualize after a 10-min incubation at room temperature. Protect slides from light during incubation. See ANTICIPATED RESULTS for typical CO-FISH images. As the success of CO-FISH is only evident during microscopic visualization, many steps in the procedure could affect the final outcome. See Troubleshooting and 
antIcIpateD results
Assaying sister chromatid segregation patterns by CO-FISH depends on continuous incorporation of BrdU into newly formed DNA for exactly one round of DNA replication, followed by complete removal of BrdU-substituted strands and hybridization of unidirectional PNA probes to resultant single-stranded sister chromatids to allow quantitative analysis of probe fluorescence. Typical differential labeling of sister chromatids in postmitotic colon crypt cells using CO-FISH appears as distinct regions of nonoverlapping probe fluorescence signals (Fig. 1d top panels, Fig. 3 bottom panels) . Postmitotic cells must be spatially
